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1. Introduction

The elasticity of soft tissues has been a central research theme in
biomedical applications as a tool for medical diagnosis. In

pathological conditions or as a response
to injury, the tissue ultrastructure might
undergo substantial changes at the extracel-
lular level. It is believed that disease or
injury changes the local or overall elastic
behavior of soft tissues. For instance,
changes in the stiffness of a tissue at the
macroscopic level might indicate the emer-
gence of diseases such as liver fibrosis,[1]

breast cancer,[2–4] and aortic disease.[5,6]

In small scale, several cell behaviors such
as cell morphology,[7] proliferation,[8,9]

motility,[10] and the cell response to thera-
peutic agents[11] are significantly affected
by changes in local and macroscopic elas-
ticity of the tissue. Further, cancer cell
migration causing metastasis to other
organs is affected by the remodeling of
the extracellular matrix (ECM) in the tumor
area. Quantification of collagen structure
and mechanics can thereby serve as an
image-based biomarker to clinical speci-
men imaging trials.[12] The accurate struc-
tural and mechanical characterizations of
soft tissues at macro- to nanoscale are thus
central to understand how tissue biophysi-

cal behavior is related to its proper functionality. Fibrillar pro-
teins such as collagen and elastin govern the stiffness and
strength of biological tissues. Molecular proteins in human body,
only a few nanometers in size, self-assemble to form fibrils with a
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Soft biological tissues are natural biomaterials with structures that have evolved
to perform physiological functions, for example, conferring elasticity while
preserving the mechanical integrity of arteries. Furthermore, the mechanical
properties of the tissue extracellular matrix (ECM) significantly affect cell
behavior and organ function. ECM mechanical properties are strongly affected by
collagen ultrastructure, and perturbations in collagen networks can cause tissue
mechanical failure. It is thus crucial to understand the ultrastructural mechanical
properties of soft tissues. Herein, the ultrastructural and nanomechanical
properties of arterial tissues are reported. Specifically, maps of aorta tissue
stiffness in its three constitutive layers, namely tunica intima, media, and
adventitia, are reported. Atomic force microscopy (AFM) with large and ultra-
sharp tips is used to explore tissue stiffness at two scales. Quasistatic tensile
tests are further conducted to understand a potential correspondence between
small-scale mechanical properties obtained via AFM indentation and macro-
scopic behavior of the tissue at low and large strains. Furthermore, gradients in
stiffness across the various layers as well as deformation rate effects are
investigated. It is envisioned that the established methodology serves as a tool to
investigate the effect of ECM remodeling associated with vascular diseases such
as aneurysms and arterial stiffening linked to hypertension.
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hierarchical structure. The dispersion and entanglement of these
fibrils contribute to the overall structure of the ECM. Thus, the
tissue inherits its mechanical properties from the concentration,
dispersion, and the mechanical properties of individual protein
strands within ECM. Among several protein types, fibrillar col-
lagen types I and III are the main load-bearing elements of most
connective tissues forming ECM to support cells.[13]

A technique that has revolutionized the characterization of bio-
logical materials is atomic force microscopy (AFM), which simul-
taneously reveals morphological and mechanical properties.[14] In
more recent years, AFM indentation has been used to extract
mechanical properties of a variety of soft tissues.[15–18] In this tech-
nique, a few tens of micrometer long cantilever with a sharp
conical or spherical tip scans the surface of the sample and creates
a topographical image of the surface. In addition to imaging, the
tip can poke into the surface of the sample with force sensitivity as
low as pico-Newton to indent the surface up to a desired amount to
quantify the local stiffness of the biomaterial. The deflection of the
cantilever measured by the instrument is translated into the force
between the tip and the sample via the cantilever stiffness. In one
indentation cycle, the force versus cantilever deflection is recorded
through approaching and retracting curves and the obtained data
can be converted to the local mechanical stiffness using contact
mechanics theories.[19] Moreover, the viscoelastic behavior of
the hydrated tissue can be approximated from the displacement
difference between the approaching and retracting curves. To
obtain the bulkmechanical properties in soft tissues, the tip radius
is selected to be large enough to indent a representative areal ele-
ment of the material, which includes all surface features. When
the radius of the tip is large, the indented area is large and thus
the measurement represents an average over a volume that
includes several biomaterial features. However, to obtain the prop-
erties of ultrastructural features, a sharp probe is utilized with a
very spatial resolution that is commensurate with the dimension
of the feature of interest (e.g., collagen fibril diameter).

Among biological tissues, the human aorta is of interest
because it is the largest artery in the body. The aorta originates
from the left ventricle of the heart and extends to the abdomen.
This vessel is comprised of three layers: tunica intima (i.e., the
innermost layer), media (i.e., the middle layer), and adventitia
(the outer layer). The role of this vital tissue is to disseminate
oxygenated blood to all sections of the human body. Along the
aortic tissue, the descending thoracic aorta (located distal to
the aortic arch) may experience bulging, called aneurysm.[20]

The important role of this vessel highlights the significance of
interrogating its biomechanical properties, which are deemed
essential to the understanding of its physiology. More specifi-
cally, such investigations provide information, which is central
to address problems in surgery as well as in medical device
applications. Previous research demonstrates the change in
mechanical properties of aortic tissue with age[21,22] or the pres-
ence of a disease; for instance, characterization of a chronic type
A dissected aorta showed different mechanical properties in con-
trast to the healthy tissue.[23] Therefore, the mechanical proper-
ties are deemed as a fundamental indicator to assess the health
condition of human aorta.

Various types of mechanical testing have been utilized to char-
acterize the mechanical properties of human aortic tissue, the
examples of which include uniaxial[21,24,25] and biaxial[26] tensile

tests. Further, viscoelastic characterization of the full aorta under
pulsatile pressure has been conducted using a mock circulatory
loop.[22] Despite extensive studies on the macroscopic mechani-
cal characterization of this tissue,[22,24,25,27,28] the literature is
scarce on the micro- and nanostructural and mechanical charac-
terization of the individual layers of human aorta. Of interest is
the understanding of tissue stiffening due to ECM remodeling,
mainly associated with changes in elastin and collagen content.
Chemical modifications by age have been proven to change fibril
elasticity.[29] It is thus imperative to interrogate structural and
mechanical properties of the ECM constituents employing
high-resolution imaging as well as multimodal characterization
techniques. Brody et al.[30] used AFM to characterize topographic
features of the native aortic valve endothelial basement mem-
brane to provide a rational for the design of ECM with nanoscale
features mimicking those of native aortic valve basement mem-
brane. Peloquin et al.[31] used AFM indentation to measure the
elastic modulus of the subendothelial matrix in bovine carotid
arteries. Tracqui et al.[32] utilized AFM to obtain regional elastic
properties of murine aortic plaques. Rezvani-Sharif et al.[33] also
applied AFM to determine elastic moduli of aortic wall lamellae
and plaque components. Berquand et al.[29] investigated the
effect of age on the morphology and elasticity of mice aortic
sections and found out that the stiffness of elastic fibers within
mice aorta increases by age. In addition to the changes associated
with the structure and mechanics of elastin and collagen fibers,
they concluded that the tissue elasticity is affected at the molecu-
lar level. Jones et al.[34] presented a thorough ultrastructural
quantification of collagen fibrils in abdominal aortic aneurysm
to indicate the presence of heterotypic collagen fibrils with com-
promised D-spacing and increased curvature in the vascular tis-
sue. Qiu et al.[35] applied AFM to investigate the changes in
intrinsic vascular smooth muscle cell stiffness as a result of
aging, to provide a mechanistic rationale for the application of
pharmacological agents in the treatment of increased vascular
stiffness. Sicard et al.[36] used AFM indentation with different
tip sizes to investigate the elastic properties of human pulmonary
small arteries and their sensitivity to the radius of the tip.

In this article, we report a systematic ultrastructural and nano-
mechanical experimental exploration on the layers of human
thoracic aortic tissue to bridge the gap between understanding
the ultrastructural and nanomechanical properties of human
aorta and its overall tissue-level mechanical properties.
Quasistatic uniaxial tensile tests on aortic strips are used to inves-
tigate the overall behavior of the tissue at the macroscopic level.
We apply an extensive set of AFM experiments to visualize and
quantify the ultrastructural and nanomechanical properties of
this tissue at different layers down to the level of individual pro-
teinaceous fibrils within ECM using high-resolution AFM
imaging and force spectroscopy. In particular, we utilize AFM
indentation testing on several sections of human thoracic aorta
tissue at different layers to interrogate the structure and mechan-
ics of each layer in the tissue and subtissue (i.e., tissue ultrastruc-
ture or single fibrils in the ECM) levels. The investigation lays a
foundation for capturing ultrastructural and nanomechanical
changes in tissue elastic properties concomitant with pathology
and provides a robust tool to quantify the changes in the
structure and cohesiveness of a soft tissue in response to disease
or injury.
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2. Results and Discussion

2.1. Ultrastructural Characterization of Aortic Layers

The quantity and quality of collagen fibrils in ECM play a crucial
role in tissue biological processes.[37] We investigated the ultra-
structural topography of single collagen fibrils within intima,
media, and adventitia ECM by analyzing the fibrillar D-spacing
(i.e., the sum of overlap and gap regions within the staggered
arrangement of tropocollagen molecules forming a single colla-
gen fibril[13]) as a metric of tropocollagen molecular packing
within a single fibril[38–40] and fibrillar thickness. AFM topo-
graphical images were obtained from five healthy human donors
as illustrated in Figure 1; donor I, male 47 years; donor II, male
60 years; donor III, female 51 years; donor IV, female 51 years;
and donor V, female 50 years. Figure 2 shows ultratopography
AFM images of selected regions in longitudinal sections of
intima, media, and adventitia. Similar to previous studies,[41]

our results indicate the presence of fibrillar collagen with char-
acteristic D-spacing pattern of 50–70 nm with either curved and
straight geometric contours within intima, media, and adventitia
(Figure 2a,b,d). AFM surface scans were produced over regions
defined in transmission light microscopy integrated with the
AFM system (Figure 1). Arrowheads point to large collagen fibers
(green), large elastic fibers (yellow), anchoring single collagen
fibrils (blue), and fine interconnecting collagen fibrils (white)
within ECM at each layer and their attachment with other
ECM components. At each layer, collagen fibers are formed
by a combination of several collagen fibrils and are laterally
entangled to give strength to the ECM of the tissue.
Individual collagen fibrils within each fiber are connected
through proteoglycans (formed by a sugar chain and a protein
core) which are responsible for load transfer within the collagen
fiber.[42] Each layer is further observed to contain fibrils with no
evident D-spacing pattern (Figure 2a) or a D-spacing value below
or above that of collagen type I fibrils. Similar to the results of the
study by Dingemans et al.,[41] the thick fibrils without conspicu-
ous D-spacing might be elastin. The fibrils with a D-spacing
value below or above that of collagen type I fibrils
(i.e., 64–67 nm) are presumably heterotypic collagen fibrils that
contain both collagen types I and III molecules within the stag-
gered structure of the fibril.[13,34] The copresence of collagen
types I and III in human aorta has already been reported by
Dingemans et al.[41] Figure 2b displays representative AFM sur-
face scans with increasing scan resolution from left to right of
adventitia, media, and intima from donor I. In this region of
the tissue, which is different from the one shown in
Figure 2a, the observed D-spacing periodicity corresponds to
healthy tissue. As shown in Figure 2c, this pattern is found
to be relatively consistent within each layer of healthy human
aorta as the main structural feature of heterotypic fibrillar
collagen in soft tissues.[13] Collagen D-spacing in intima of
donor I (44.67� 6.52 nm) was found to be smaller than the
D-spacing value in media (58.29� 7.37 nm) and adventitia
(61.34� 7.01 nm), as shown in Figure 2e with no statistically sig-
nificant differences between their mean values (one-way repeated
measures ANOVA with post hoc Bonferroni's multiple compari-
son test, (p< 0.0001)). We also measured fibrillar collagen thick-
ness in the three layers of the five donor tissues. For donor I, as

shown in Figure 2e, collagen in intima (60.15� 8.67 nm) was
smaller than the fibril thickness in media (64.39� 9.65 nm)
and adventitia (81.43� 10.04 nm). The differences were
statistically significant across the three layers for donor I
(p< 0.0001) for intima versus adventitia and media versus
adventitia. Human collagen in intima, media, and adventitia
layers from the five healthy donors had an average fibril thickness
of 94.46� 26.03 nm, 87.96� 18.20, and 91.76� 9.12, respec-
tively, with no statistically significant differences in their mean
values (Figure 2, one-way ANOVA, p¼ 0.865). Further, collagen
in intima was found to have an average fibril D-spacing of
55.68� 6.21 nm, slightly smaller than that in media
(58.21� 1.77 nm) and adventitia (57.59� 3.45 nm), yet again
with no statistically significant differences in their mean values
(Figure 2, one-way ANOVA, p¼ 0.625). Our results with regard
to collagen fibril ultrastructural characteristics are consistent
with those of healthy human samples as reported in a recent
study on collagen fibril abnormalities in human abdominal aortic
aneurysm (AAA) where significant changes in collagen geometry
were found as a result of aneurysm.[34] Vascular tissues such as
human aorta contain heterotypic load-bearing collagen fibrils of
types I and III, stabilized by intramolecular cross-linking.[43]

Slight variations in collagen thickness and D-spacing observed
in the layers of five healthy aortas in our study could be the result
of the copresence of type I and III collagen fibrils and their het-
erotypic fibrillogenesis.[13,37] Tonniges et al.[37] investigated the
effect of discoidin domain collagen receptor 1 (DDR1) on the col-
lagen content and ultrastructure of adventitia of DDR1 knock-out
(KO) mice and found a small but statistically significant increase
in the depth of D-spacing in DDR1 KO adventitia collagen fibrils
in contrast to their wild-type littermates. However, similar to our
results, they found no statistically significant difference in the
length of D-spacing.

The overall mechanical behaviors of human aorta are observed
to differ between the layers.[21,22,25] This dissimilarity of the
behavior at the macroscale might originate from dissimilar
distribution of collagen fibers (formed as a result of the cross-
linking of several collagen fibrils) at different layers and their dif-
ferent entanglement patterns within each layer.[25] However, at
the micro- to nanoscale, analysis of representative single collagen
fibrils within ECM shows similar repetitive D-spacing and its var-
iation along collagen fibrils. The mechanics of such fibrils is also
consistent between the three layers, despite their potential
dissimilar ratios of type I and type III collagen monomers within
their heterotypic structure.[13]

AFM images from the three layers of the healthy tissue from
donor I reveal collagen fibril unidirectional alignment within
fibrillar bundles, also called fibril registration within ECM
(Figure 2d). This unidirectional alignment also happens between
collagen fibers forming a stiff network in a larger scale upon
application of large strains on the tissue. As a consequence,
the stiffness of the tissue at large strains increases.
Furthermore, AFM visualization of healthy aorta from the five
donors, at each layer, reveals a firmly knitted network of fibrils
(Figure 2a,d). It is believed that such architecture and the align-
ment of the fibrils (Figure 2d) allows the expansion of the tissue
while avoiding tissue overstretching at large strains.[43,44] A sin-
gle collagen fibril within ECM is shown in Figure 2e, with the
fibril thickness and D-spacing as the two metrics for
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Figure 1. Nanomechanical characterization of human descending thoracic aorta using AFM; a) human thoracic aorta tissue is dissected. Axial and lateral
cuts are made for in-plane and cross-sectional analysis; b) for in-plane analysis, the layers are separated and sectioned. Tissue sections of 20 μm thickness
are cut from each of the separated layers as well as full-thickness cross sections of the tissue for AFM measurements. Tissue sections attached on
microscope slide are tested while being immersed in PBS; c) optical image (top view) of the AFM probe on the tissue section submerged in PBS;
a sample force map is shown in an area of 50 μm� 50 μm with indentation points; d) steps of the indentation of the tissue with a spherical tip with
the tissue submerged in PBS. The AFM cantilever with a spherical probe is navigated over planar sections of intima, media and adventitia layers using an
inverted bright-field microscope integrated with the AFM. Elastic modulus E is calculated by fitting the contact part of force–displacement (F–δ) curves
using a standard Hertzian contact model. In the force curve, the interaction between the tip and sample is measured while the tip approaches and retracts
from the surface of the sample. e) A representative curve showing the indentation cycle. Cantilever deflection is plotted against controlled deformation to
obtain force–displacement (F–δ) curves at each point. Approaching and retracting curves provide information on the mechanical properties of the
sample, as well as adhesion between the tip and sample. f,g) Tissue level (50 μm�50 μm) and subtissue level (4 μm� 4 μm) force maps with several
indentation points. Single indentation spots in each case are shown. Sample AFM contact mode images of a representative area of the ECM (for tissue
level indentation) and a single collagen fibril (for subtissue level indentation) are shown. SEM images of the applied AFM probes (with 2 μm and 2 nm tip
radii) for both levels of indentation are shown (Nanotools, USA).
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Figure 2. a) Ultra topography AFM images of selected regions in the layers of aorta in three human donors. AFM surface scans were produced from
intima, media, and adventitia sections over regions defined in transmission light microscopy. AFM contact mode images were obtained in air using soft
silicon nitride cantilevers with sharp probes. Arrowheads point to large collagen fibers (green), large elastic fibers (yellow), anchoring single collagen fibrils
(blue), and fine interconnecting collagen fibrils (white) within ECM at each layer and their cross-linking with other ECM components. In some regions,
fibrils with no evident D-spacing are observed copresent with normal collagen fibrils. b) Representative AFM surface scans are displayed with increasing
scan resolution from left to right of adventitia, media, and intima to visualize D-spacing periodicity in the layers of healthy tissue from donor I. c) Image
analysis by JPK software shows repetitive pattern (i.e., gap plus overlap regions) along collagen fibrils and its variation on representative single fibrils.
d) Collagen fibril unidirectional alignment to form bundles in the three layers of the healthy tissue from donor I. Individual collagen fibrils shape laterally
associated collagen bundles wherein the fibrillar D-spacing appears in register. e) A single collagen fibril within ECM with fibril thickness and D-spacing as
two quantification metrics for ultrastructural analysis of heterotypic collagen fibril.[13,43] f,g) Respective collagen fibril D-spacing and thickness variability
within ECM in five donors. No statistical significance is observed between the fibrils of the three layers. Longitudinal sections of intima, media and
adventitia collagen fibrils in AFM images of aorta were utilized for thickness analysis. No statistically significant difference is observed between the
D-spacing of the fibrils between the three layers of three healthy donors (p¼ 0.625). Fibril thickness variation between the three layers of the five donors
is also observed to be statistically insignificant (p¼ 0.865). h,i) Fibril D-spacing and thickness variations within the layers in each of the three selected
donors. D-spacing data for donor I indicated statistically significant difference between intima and media (p< 0.0001), and intima and adventitia
(p< 0.0001). Also, D-spacing data for donor V showed statistically significant differences between intima and adventitia (p¼ 0.0024), and media and
adventitia (p¼ 0.001), while the differences across the three layers were statistically insignificant for donors II (p¼ 0.066), III (p¼ 0.691), and IV (p¼ 0.202).
Similar observations were made for fiber thickness where the differences were statistically significant across the three layers for donor I (p< 0.0001 for intima
versus adventitia and media versus adventitia, one-way repeated measures ANOVA with post hoc Bonferroni's multiple comparison test.
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microstructural analysis. Figure 2f,g shows respective collagen
fibril D-spacing and thickness variability in intima, media, and
adventitia in the five donors. No statistical significance is
observed between the D-spacing of the fibrils across the three
layers (p¼ 0.625). Fibril thickness variation between the five
donors is also observed to be statistically insignificant
(p¼ 0.865). The variation of these metrics between the layers
in each of the five donors also shows no statistical significance
(Figure 2e).

2.2. Mechanical Characterization of Aorta at Tissue and
Subtissue Levels

The first step to understand the mechanics of a tissue is to char-
acterize the mechanical and structural properties of its constitu-
ent. A soft tissue consists of ECM and cells, which interact with
each other. One of the most abundant components in ECM is
collagen. This protein is the most prominent factor in tissue stiff-
ness and thus its mechanics has been thoroughly investigated.[13]

Another ECM component that contributes to the mechanics of
the tissue is elastin, which increases the compliance of the tissue
and thus makes it easier to undergo larger elastic deforma-
tions.[22] Unlike collagen, elastin fibrils do not show D-banding
periodicity and are merely responsible for elasticity of the tissue.
Similar to collagen, elastin forms fibrous networks. Collagen and
elastin networks intertwine within ECM while being structurally
independent.[25] The synergic entanglement of these two
networks is vital to provide arteries with necessary mechanical
properties to sustain the blood pressure and to regulate the blood
flow.[25]

Tissue sections of intima, media, and adventitia from five
healthy donors were mechanically tested at two scales using
different AFM probes: spherical probes of either 4 or 10 μm
diameter and sharp probes with 4–10 nm tip diameter. The
aim was to compare stiffness of the tissue at ECM structural
and ultrastructural scales, respectively. While spherical probes
with large diameters were utilized to obtain properties of each
layer at the tissue level, the sharp probes were selected to specifi-
cally indent single collagen fibrils in ECM. The two different
measurements thereby allowed the comparison of such proper-
ties with those obtained at the macroscale using conventional
methods. Stiffness measurements with the two probe diameters,
at each of the three layers, reveal a dependency of such properties
to the size of the indented region. As a result of the pico-Newton
force resolution of AFM and its lateral resolution (which
facilitates up to several indentations in a few micrometers
squared region), maps of mechanical properties of the tissue
were obtained in a selected region. Using the mapping module,
multiple single indentation measurements are integrated in a
squared area to create a stiffness map, which provides a
visual representation of stiffness in the selected area (see
Figure 3 and 4).

Using a large tip radius in a squared region (on the order of
tens of micron) makes it possible to map the bulk stiffness of the
tissue in that region (Figure 3a–c), whereas using a sharp probe
in a small region (on the order of a few microns) provides the
stiffness map of the tissue ultrastructural constituents
(Figure 4a–c). Further, increasing the number of points within

each map (while considering the necessary distance of the adja-
cent indented points to avoid overlapping of the indented points)
increases the spatial resolution of the stiffness map (Figure 4a–c).
Tissue stiffness in the three layers of aorta was measured for
five donors. Stiffness maps in large (Figure 3a–c) and small
(Figure 4a–c) scales show that the distribution of elastic modulus
across individual layers of aorta as well as among five donors
varies by location, which is evidence for tissue heterogeneity
at two scales. The level of the stiffness values within large
(kPa) and small (MPa) maps, however, remains consistent
between the five donors, as shown in the histogram distributions
in Figure 3 and 4a–c. As shown in Figure 3f, there was no
statistically significant differences between the mean stiffness
values in intima (24.04� 13.97 kPa), media (22.18� 5.54 kPa),
and adventitia (22.54� 3.35 kPa) (one-way ANOVA, p¼ 0.941).
Our obtained stiffness values are in well agreement with those
reported in recent AFM characterization studies on human aortic
tissue.[33,36]

Ultrastructural elastic modulus E of human descending tho-
racic aorta was also obtained via wet indentation with a sharp
probe from the five donors. It should be noted that the tissue
does not present an initial prestretch. Small scan areas were
mapped to obtain ultrastructural details of the tissue including
single collagen fibrils within ECM. The values of elastic modulus
were measured over 8� 8 (mesh I), 16� 16 (mesh II) and
32� 32 (mesh III) points in five 4 μm � 4 μm zones (each zone
from a separate donor) in planar sections in each of the three
layers. Single collagen fibrils and collagen bundles were observed
in each image (Figure 2a–d and 4). Figure 4a–c shows AFM
images of some representative probed zones and the distribution
of sample height and elastic modulus E within 4 μm � 4 μm
areas in color-coded maps. Results indicate that the level of elas-
tic moduli increases with the number of points in the mesh, with
the elastic modulus converging to that of single collagen fibrils.
In each case, histograms of fibril stiffness frommesh III are plot-
ted on the right column. Results from the five donors in mesh I,
II, and III in separate layers are also shown in Figure 4d. The
elastic modulus increases by increasing the number of mesh
points within the same area. The measurements show that
collagen stiffness in intima (7.31� 3.5MPa) is slightly larger
than the one in media (4.38� 1.86MPa) and adventitia
(6.42� 4.20MPa), as shown in Figure 4d (mesh 32� 32) with
no statistically significant differences between their mean values
(one-way ANOVA, p¼ 0.390). These results are consistent with
studies on native and synthesized collagen fibrils in wet state.[13]

2.3. Correspondence Between Small-Scale Characterizations
(Tissue and Sub-Tissue Scales) and Macroscale
Characterizations

Figure 5 displays graphs of uniaxial quasistatic tensile tests for
rectangular strips of media cut from donors I, IV, and V in both
longitudinal and circumferential directions bearing in mind the
anisotropy of the tissue. In each case, the first Piola–Kirchhoff
stress (i.e., engineering stress) is plotted against the engineering
strain. As Figure 5 demonstrates, stress–strain curves are highly
nonlinear. The tissue can be modeled with a hyperelastic mate-
rial model in which the stiffness progressively increases with the
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Figure 3. Force mapping and indentation modulus of human descending thoracic aorta obtained in wet indentation with 2 and 5 μm radius spherical
probes, respectively: samples from five healthy human donors were characterized; a–c) representative force maps from 50 μm� 50 μm regions in intima,
media, and adventitia in the five donor samples, with their corresponding elastic modulus distribution histograms. Each pixel in the force maps rep-
resents a force curve. d) Indentation results in the three layers of the five donors using a 5 μm radius tip, represented in box-and-whisker plots. In each
case, 4�4 points in at least ten different 30 μm� 30 μm regions in each of the three layers of human aorta were indented. Statistically significant
difference is observed between the stiffness values across the three layers for donors I and III (p< 0.0001). Bonferroni's multiple comparison test
revealed significant difference in elastic moduli between intima and media (p< 0.0001), and media and adventitia (p< 0.0001) for donor I, and between
intima and adventitia (p¼ 0.0009), and media and adventitia (p< 0.0001) for donor III. e) E values of intima, media, and adventitia (in donor I, II, and III,
respectively), assembled in a histogram and fitted with probability density estimates (black traces on the graphs) to determine the most probable value of
the elastic modulus of the tissue in each case. On each box, the central black line is the median, the edges of the box are the first and third quartiles, and
the whiskers extend to the minimum andmaximum data points considered not to be outliers. f ) Indentation results of the five donors’ layer by layer in one
graph. No statistically significant difference is observed between the stiffness of the layers in the five healthy donors (p¼ 0.941).
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Figure 4. a–c) Ultrastructural elastic modulus E of human descending thoracic aorta obtained in wet indentation with a sharp probe from three selected
donors. Reduced scan areas were selected to obtain the structural details of the tissue including single collagen fibrils within ECM. The values of elastic
modulus were measured over 8�8 (mesh I), 16�16 (mesh II), and 32�32 (mesh III) points in three 4 μm�4 μm zones in planar sections in each of
the three layers (intima, media, and adventitia). Single collagen fibrils and collagen bundles are observed in each image. AFM images of some repre-
sentative probed zones and the distribution of sample height and elastic modulus E within 4 μm�4 μm areas are shown in color-coded maps. Results
indicate that the range of elastic moduli increases with the number of points, converging to the one for single collagen fibrils. Distribution of fibril stiffness
from mesh III is plotted in the histograms. d) Results from the five donors in mesh I, II, and III in separate layers. The elastic modulus increases by
increasing the number of mesh points within the same area.
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strain, due to the original crimped configuration of the collagen
fibers.[25] The slopes of the tangent lines to the curves at the
beginning and at the end show a qualitative value for the estima-
tion of elasticity of the tissue before and after collagen uncrimp-
ing. We observe a qualitative correspondence between the values
of elastic modulus obtained by indentation using a sharp tip
(Figure 4), which are in megapascal regime, with the maximum
slope of the stress–strain curves observed in Figure 5. On the
other hand, the values of the elastic modulus obtained through
AFM indentation with a spherical probe shows an approximate
correspondence with the slope of the stress–strain curves at the
outset of uniaxial loading. It should be noted that the exact outset
of the stress–strain curves in the tensile tests introduces some
challenges due to the residual stresses in the specimen and
the initial preconditioning. This complication might introduce
some difficulty in appraising the accurate stiffness value at very
small strains from tensile test.

It is known that the stiffness of a single collagen fibril is within
the gigapascals (GPa) and megapascals (MPa) ranges in dehy-
drated and hydrated states, respectively.[13,45] These hierarchical
fibrillar protein structures contribute to the bulk mechanics of
the tissue through their cross-linking, to form fibers, their orien-
tation, and volume fraction, which define the organization and
assembly of the tissue ECM.[21,25] Individual collagen fibrils (with
100–500 nm thickness, a D-banding periodicity of �67 nm and
length of up to a fewmicrons) merge and form crimping collagen
fibers with tens of micron length and thickness.[13,25] Random
distribution of such fibers within ECM explains the low stiffness
of the tissue at small strains, mainly on the order of kilopascal.[46]

Upon applying large strains, these collagen fibers uncrimp and
align to form a stiff network. The stiffness of the tissue at large
strains is thus rapidly increased up to that of collagen. This
explains the nonlinearity of the stress–strain curves (also called
J-shaped curves)[47,48] observed in tensile tests on several tissues
such as longitudinal and circumferential strips of human tho-
racic aorta,[21,22,24,25] with the outset of deformation requiring
a relatively low applied stress, while much higher stresses needed
to impose larger strains.[47] Upon releasing the applied load at
large strains, the tissue minimizes the deformation and returns
to its original state. This high capacity of soft biological tissues to
undergo large elastic strain is in part due to their ability to

reorganize the orientation and arrangement of collagen fibers
within the ECM (Figure 2a,d).[25] The flexibility of aorta at low
strains causes the tissue to easily expand up to a certain extent.
The stiffening part, however, prevents the overstretching of the
tissue.[43,44] This highlights the significance of tissue mechanical
characterization at small and large strain levels. At the micro- and
nanoscale, this can be achieved by indentation of the tissue with
large and sharp probes.[45] The former provides the stiffness of
the ECM with a representative volume of the tissue involving a
network of fibers, whereas the latter resolves the stiffness of
single protein fibrils within the ECM.[45] While the former yields
the mechanical properties of the tissue as a combination of those
of collagen, elastic fibers (such as elastin), and glycosaminogly-
cans (GAGs), the latter differentiates those of individual constit-
uents. As the AFM images of selected regions illustrate, the
majority of the ECM in different aorta layers include collagen
with apparent D-banding periodicity. Thus, the elastic moduli
measured with sharp tip, in the MPa range (Figure 4), are analo-
gous to the high-strain stiffness values observed in macroscopic
tensile tests. Similarly, the elastic modulus measured with a large
diameter tip, in the kilopascal (kPa) range (Figure 3), correlates
with the low-strain stiffness region in macroscopic tensile tests.
Both stiffness regimes are central to be considered in tissue engi-
neering. Ignoring the low-strain stiffness regime might result in
culturing engineered tissues with unnecessarily large stiffness
values that are eventually unable to support organ flexibility.[47]

Additionally, disregarding the large-strain stiffness regime when
culturing a tissue would result in a weak mechanical response
unable to resist damage at large strains.[47]

2.4. Gradients at Interfaces

We performed elastic modulus characterization along cross-sec-
tional lines of complete aortas from the inner layer toward the
outer layer. The aim was to explore the variation and continuity
of stiffness values along the radial direction. As Figure 6
illustrates, stiffness values from each layer were found to change
while moving toward its adjacent layer(s) with a gradient across
transition zones. The two transition zones are located around the
membrane elastic interna and externa, which separate media

Figure 5. Uniaxial tensile testing results on longitudinal and circumferential strips cut from media of donor I, IV, and V in the elastic regime. First
Piola–Kirchhoff stress (i.e., engineering stress) is plotted against engineering strain. The slopes of the tangent lines to each of the curves at the very
beginning (blue) and at the end (red) show a qualitative correspondence with the indentation with large sphere and that with a sharp probe, respectively.
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from its two adjacent layers (Figure 6a). Histology substantiates
the presence of vascular smooth muscle in these transition
zones. However, muscular fibers in such regions are thinner
and less elongated than those in the central portion of media.
The variations of fiber alignment and density might follow
different trends at dissimilar layers, leading to diverse depen-
dence of local structural and mechanical properties on location.
As observed in Figure 6b, the properties typically change gradu-
ally from one layer to its adjacent layer(s). A more pronounced
elastic modulus change was measured in transition zone 2,
media–adventitia, for donor I, and in transition zone 1,
intima–media, for donor III. These findings are consistent with
the fact that Nature presents an extensive set of living organisms,
which exhibit gradients in materials with limited structural and
geometrical variables. Natural gradients in biological tissues
such as bone or arteries are basically associated with the changes
in either compositional or structural characteristics that include
dimension, orientation, distribution, and arrangement of struc-
tural building blocks (mainly collagen) within ECM.[49,50]

Interfacial regions are also central to maintain structural integrity
of the biological tissue and to sustain its specific function.[50]

Thus, it is advantageous to encompass gradual transitions of
material properties to alleviate the mismatch between the prop-
erties of dissimilar regions as a natural design motif at such
interfaces.[51] This leads to programmed response of the tissue
to internal and external stimuli which prevents organ's failure.
Damage of the tissue at the interfaces between layers in the case
of aortic tissue may cause aneurysm (i.e., segmental weakening
of the aorta) or acute aortic dissection that could be fatal.

The existence of site-specific structural and mechanical prop-
erties within biological materials caused by variations in factors
such as geometry, microstructure, morphology, and composition
is an important overarching feature of such materials that gives
rise to structural and material functional gradients within these
materials.[49] Functional gradients featuring in the microstruc-
ture of biological materials such as biological tissues and organs
have exceptional implications on the resistance of such materials
to failure and rupture in response to large deformations or
mechanical loads.[49,51] One of the main sources of such proper-
ties is the gradual change in the mechanical properties within
each biological organ as well as between the adjacent constituting
parts of that organ.[52,53] The existence of such gradients within

Figure 6. a) Representative images of Masson trichrome stained cross sections of the three aorta samples showing collagen fibers in intima, media, and
adventitia and the transition zones from each layer to its adjacent layer(s); b) the elastic moduli across the section for three donors. The elastic modulus
changes smoothly from each layer to the next layer with a smooth gradient in elastic modulus values. One-way repeated measures ANOVA with post hoc
Bonferroni's multiple comparison test showed statistically significant differences in the elastic modulus of the layers and transition zones (p≤ 0.0002) for
each donor. Bonferroni's multiple comparison test revealed statistically significant differences between the adventitia and each of the other two layers and
two transition zones.
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the microstructure of biological tissues may originate from sev-
eral sources such as the orientation and alignment of microstruc-
tural elements of the tissue (i.e., collagen, elastin, and gags) and
their density and the degree of their crosslinking, as well as the
chemical components of the material.[25] Dissimilar arrangement
and density of stiff elements within the tissue introduce anisot-
ropy and heterogeneity within the sections, which eventually
causes the emergence of gradual changes in the mechanical
properties within ECM.[52,53] At the interfaces between dissimilar
regions or layers of the same organ, the main role of these func-
tional gradients, particularly the gradients in the change of
mechanical properties, is to smoothen the innate mismatch
between material properties at the two regions, precluding fail-
ure or rupture of the organ at those interfaces.[51] Structural func-
tional gradients in a layered tissue can be described in terms of
spatial changes in ECM ingredients (stiff elements such as col-
lagen fibers and elastic elements such as elastin) and their

arrangement across the entire tissue or within a certain zone
such as the interface regions[50] where dissimilar layers meet.
Such regions denote the extremes in property changes.

2.5. Viscoelastic Behavior of Aortic Tissue: Rate-Dependent
Mechanical Properties

Most biological materials exhibit loading-rate-dependent
mechanical response to applied force (i.e., a strong elastic
response at large deformation speeds and a strong viscous behav-
ior at low deformation speeds).[13,52,54] In particular, the mechan-
ical properties of soft tissues are contingent upon the applied
loading rate.[52] The mechanical properties of biological tissues
exhibit a nonlinear relationship with loading rate due to the vis-
coelastic nature of the ECM. Viscoelastic materials are character-
ized through time-dependent tests in which the deformation is
applied as a function of time to measure the required forces or

Figure 7. a) Selected examples of indentation curves from intima, media and adventitia of donor II obtained at speeds of 0.1 μms�1 (red), 1 μm s�1

(blue), and 5 μm s�1 (black) resulting from a selected net of indentation points in hydrated state. The indentation frequency was changed to observe the
qualitative viscoelastic behavior of the tissue. In this set, the values of the elastic modulus E in intima and adventitia slightly change by increasing the
indentation speed, due to tissue viscoelastic effects. The force-indentation curves exhibit negligible adhesion between the tip and the samples. b,c)
Indentation results from intima, media, and adventitia in samples from donor II (male) and donor III (female) in wet state at different indentation
rates starting from 0.1 μms�1 (quasistatic) to 5 μm s�1. Variation of tissue stiffness by the speed of indentation is observed. No statistically significant
differences were observed for the elastic moduli of each layer across different indentation rates (p> 0.05, one-way repeated measures ANOVA with
post hoc Bonferroni's multiple comparison test).
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vice versa. As such, obtaining the mechanical properties of soft
tissues, in particular in wet state without specifying the loading
rate, could be misleading. Hence, to conduct mechanical testing
on soft tissues, time dependency of the applied force/displace-
ment needs to be accounted for. At macroscopic scale, dynamic
mechanical analysis (DMA) is commonly applied to evaluate the
response of the material at different deformation rates, which
yields the storage and loss moduli.[24] Such tests yield larger stiff-
ness for the response of biological materials by increasing the
deformation rate. At small scale, changing the speed of the
AFM cantilever, and thus the speed of pushing the spherical
probe into the surface of the sample, reveals viscoelastic
effects.[13,52] Here, we applied this method to compare the
mechanical behavior of aorta tissue at different indentation
speeds ranging from 0.1 μm s�1 (i.e., quasistatic) to 5 μm s�1.
We performed these tests on two healthy aortas, one male (donor
II) and one female (donor III) (see Figure 7). As illustrated in
Figure 7a–c, the value of stiffness at each layer shows a mild rate
dependency within investigated deformation speeds. Our tissue-
level mechanical characterization revealed that the mean stiff-
ness of the aorta tissue slightly increases when the indentation
rate varies from 0.1 to 5 μm s�1 (Figure 7d–e), although the dif-
ferences fall within statistical variations (Figure 7d–e). Detailed
layer-specific viscoelasticity analysis of human aorta, using relax-
ation-based AFM indentation, is left for future investigations.

3. Conclusion

Human aorta presents a well-defined structure and a complex
mechanical behavior. This is in part due to its anisotropy and
heterogeneity, with an almost unpredictable distribution of its
ECM components such as collagen fibrils. Moreover, the inter-
action of ECM and cells gives rise to additional complexity.
Structural and mechanical characterizations of human thoracic
aortic ECM, at micro- and nanoscales, have been scarce. This
work aimed to improve the understanding of how collagen fibrils
contribute to bulk mechanical properties of the aortic tissue by
bridging the gap between small-scale andmacroscopic properties
of the tissue. This knowledge is central to improve the prediction
of the tissue bulk material properties, e.g., using homogenization
techniques, based on the mechanical properties of ECM constit-
uents. Here, an extensive investigation of micro- and nanoscale
structural and mechanical properties of five healthy human aor-
tas was conducted. Each layer was individually studied; in partic-
ular, ultrastructural and nanomechanical properties of the layers
were compared with their tissue-level counterparts.

Biological materials, including hard and soft tissues, demon-
strate an array of hierarchical arrangements across length scales
that are deemed essential to mechanical properties emerging
from tissue building blocks.[55] Such hierarchical arrangements
evolved to reach overall properties that confer arteries with func-
tional elasticity while preserving mechanical integrity. In this
work we show that while the mechanical stiffness of single col-
lagen fibrils in the layers of human aorta is on the order of a few
megapascals, the hierarchical entanglements of such fibrils with
other ECM components lead to tissue-level mechanical stiffness
of the order of kilopascals. Such tissue stiffness enables neces-
sary deformations while smoothening the highly pulsatile nature

of the blood flow in the aorta (Windkessel effect).[22] Therefore,
the microstructural and nanomechanical quantification method-
ology presented in this study can serve as protocols to investigate
ultrastructural changes resulting from various diseases, e.g., ath-
erosclerosis, wherein fibrillar geometry and stiffness changes
within ECM may help predict plaque rupture.

4. Experimental Section

Tissue Dissection and Layering: Descending thoracic aortas from five
heart-beating male and female donors, with 47, 50, 51, 51, and 60 years
old ages, were explanted during organ donation for transplants and
obtained through a research agreement with Transplant Quebec approved
by the Ethics committee at McGill University (IRB study number A05-M15-
17 A). The aortas were retained in Belzer UW organ preservation solution
at 4 �C prior to sample preparation. As shown in Figure 1a,b, tissue prep-
aration for testing included: 1) removal of the external connective tissue
and bifurcating arterial branches; 2) excising longitudinally the aorta on the
posterior part; 3) cutting strips; and 4) separating the three layers. The
tissue was opened up with a longitudinal cut along the posterior part,
between the bifurcating intercostal arteries in order for the bifurcating
holes to appear along the cut edges and the anterior portion of the aortic
tissue to be in the central part (see Figure 1a). Rectangular pieces were cut
from the opened-up tissue, to separate the three layers—intima, media,
and adventitia. The layer separation needs attentive craftsmanship to
avoid tissue damage. The accuracy of the layer separation was examined
using confocal microscopy of stained tissue prepared for histology (see
Amabili et al.[25] for more details). In addition to the layered sections, intact
circumferential ring sections (Figure1a) were cut and sectioned for the
analysis of cross-sectional transition zones (Figure 5).

Tissue Preparation for AFM Testing: Specimens of human thoracic aortic
tissue were embedded using a mold to better preserve their orientation.
Optimal cutting temperature (OCT) compound was chosen as the embed-
ding medium. At the end of the procedure, the embedded sample is frozen
and ready to be cut. The embedded blocks were trimmed. A microtome
(Leica RM 2165) was applied to perform frozen sectioning on tissue sam-
ples from intima, media, and adventitia to obtain rectangular planar cuts
with 20 μm thickness size and minimum surface roughness. The in-plane
sections were taken about the middle of each separated layer. The sections
were instantly attached to microscope glass slides with tissue axis direc-
tions being marked. The slides were then stored at �80 �C.

Trichrome Staining: Cross section of the human aorta was stained
employing Masson trichrome via using the automatic stainer Leica
ST5020. Coverslips were applied using the Leica CV5030 automated cover
slipper and images were taken using a Leica Aperio AT Turbo digital
pathology scanner.

AFM: A JPK atomic force microscope model Nano-wizard 4 (Bruker
Nano, Berlin, Germany) mounted onto the stage of an inverted epifluor-
escence Zeiss Axiovert 200M microscope (Carl Zeiss Microscopy,
Göttingen, Germany) was used for imaging and mechanical characteriza-
tion of planar and transversal sections of human descending thoracic aor-
tic layers. A microtome (Leica RM 2165) was applied to perform frozen
sectioning on tissue samples from intima, media, and adventitia to obtain
rectangular planar cuts with 20 μm thickness size. The sections were
instantly attached to microscope glass slides with tissue axis directions
being marked. The maximum lateral scans focused on regions of the area
of 50 μm�50 μm size. Scanning rate was set to 1 Hz. To characterize the
nanostructure of tissue at each layer, AFM images were captured in con-
tact mode and at a resolution of 1024�1024 pixels. Tissue sections (three
biological replicates, each from separate donors, with three layers and two
cross sections, three slides per case, and two replicate sections per region
on each slide) were imaged and mechanically tested. Frozen sections were
thawed and washed in PBS immediately before the imaging. Using the
contact mode imaging of the JPK AFM, several images were captured
at each location on each sample. Reduced scan areas were then selected
to obtain the structural details of the tissue. MSNL-10 silicon nitride
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cantilevers (Bruker, Mannheim, Germany) with a spring constant of 0.01–
0.1 Nm�1 and a nominal tip radius of 2 nm were applied for
imaging. The AFM imaging was performed in an ambient environment
of 20–25 �C. Biosphere Au reflex (CONT-Au) cantilevers (Nanotools
USA LLC, Henderson, NV) with a nominal spring constant of
0.2 Nm�1 [a 450 μm length, and a nominal resonance frequency of
13 kHz in air] integrated spherical tip of radii 2 μm (�10%) and 5 μm
(�10%) were applied for indentation measurements of the bulk tissue
immersed in PBS. The AFM probe was navigated over the tissue guided
by light microscopy (Figure 1c,d). Super-sharp CONTR cantilevers with
diamond-like carbon nanotip of radius 2–3 nm (Nanotools USA LLC,
Henderson, NV) [a 450 μm length, and a nominal resonance frequency
of 13 kHz in air, and a spring constant of 0.2 Nm�1] were used for
ultrastructural indentation. All AFM measurements were performed in
wet environment with tissue being submerged in PBS. The indentation
rate was set to 0.1, 0.5, 1, 2, and 5 μm s�1. Prior to each indentation test,
the deflection sensitivity of the AFM cantilever was calibrated by engaging
the cantilever on the surface of a clean microscope slide. The precise
spring constant of the cantilever was calibrated with the thermal noise
fluctuations in air by fitting the first free resonance peak of the AFM canti-
lever to that of a simple harmonic oscillator using the JPK software.[56]

During the indentation, controlled deformation was applied to the tissue
sample in hydrated state and the compressive feedback forces were
recorded and measured through cantilever deflection (Figure 1d,e).

AFM Indentation: Indentation force F versus displacement δ were
recorded to produce F–δ curves by translating cantilever deflection into
force F through F¼ kδ, with k being the cantilever spring constant
(Figure 1e). The elastic modulus of the probed samples at each point
was obtained by fitting the initial portion (i.e., the contact part) of the
approaching part of the force-deflection curves to the standard
Hertzian contact model for a spherical indenter of radius R. Using mini-
mum required set points, deformations were set to be infinitesimal and
purely elastic with small strain to allow the application of the Hertzian
model and further to avoid damaging the tissue microstructure. The tissue
was assumed incompressible with Poisson's ratio of 0.5. In the case of soft
biological tissues, the elastic modulus E is an accepted measure for the
mechanical properties of the tissue only within the small deformation and
small strain elastic regime.[57] Five biological replicates, three layers each,
with three slides per layer, and two replicate sections per region were
indented to measure the elastic modulus at each layer. In each case, over
4�4 points in at least ten different 30 μm � 30 μm regions in planar sec-
tions in each of the three layers of human aorta were indented on each
slide, to obtain a minimum of 400 F–δ curves per sample. Force–
displacement curves without clear contact point were excluded from
the analysis. Single points were repeatedly indented to make sure variation
in the elastic modulus as a result of repeated indentation is negligible and
no damage is made on the tissue surface. Local variations in the stiffness
of each aortic layer at the tissue and subtissue ultrastructural levels were
shown in color-coded force maps (Figure 3a–c and 4a–c, respectively). The
National Institute of Health ImageJ software and the JPK data processing
software were used to analyze the D-banding periodicity and thickness
of the collagen fibrils within each image.

Local mechanical properties of a soft tissue as a heterogeneous and
anisotropic material were interrogated from its response to the AFM
indentation load. To obtain such properties in an accurate way, sample
preparation is crucial to preserve the tissue structure pristine and with
the least amount of artifacts.[58] As an instance, sample preparation can
influence the mechanical properties of the indented sample due to its
effect on the roughness of the surface. To minimize the surface rough-
ness, frozen tissue was sectioned with microtome to reach the mini-
mum roughness prior to indentation test. Further, the indentation
depth was selected to be much larger than the surface roughness.[45]

The contact stiffness of the sample is defined as dF=dδ with F denoting
the indenting force and δ being the resulting indentation depth on the
surface of the sample. Indentation modulus of the sample is related to
the contact stiffness and is contingent upon the contact area between
the AFM tip and the sample. The contact area is usually represented by
the contact radius a, and depends on the indentation depth and

indentation rate, radius of the indenting sphere and the roughness
and elastic response of the sample. Several contact theories have been
presented to extract the elastic response of a planar surface indented by
a spherical indenter in the absence of plastic deformation. These theo-
ries relate the indenting force F to the indentation depth δ and the con-
tact radius a in different ways. Among such theories, the Hertzian
contact model,[59] Johnson–Kendall–Roberts (JKR) model,[19,60] and
Derjaguin–Muller–Toporov (DMT) model [61] are the most notable.
While Hertzian model ignores the adhesion effect between the spherical
tip and the sample, the JKR and DMT models account for the adhesion
effect between the spherical tip and the sample. Application of all these
theories stipulates that the deformation of the sample is purely elastic
and infinitesimal compared with the thickness of the sample and the
radius of the indenting sphere. For indenting soft samples with large
adhesion effect using tips with large radii, JKR model is preferred.
However, in case of indenting stiff materials with small adhesion effect
using tips with small radii, the DMT model is preferred. Thus, for soft
tissues in wet state with large adhesion effects using large spherical
tips, JKR model is preferred. In Hertzian contact model,[59] the contact
radius a is related to the indenting force F through

a ¼ ð3RFð1� ν2Þ
4E

Þ1=3 (1)

with R being the radius of the spherical tip, and ν and E being the
Poisson's ratio and elastic modulus of the sample, respectively. The
indentation depth δ is expressed in terms of the contact radius as

δ ¼ a2

R
¼ ð9F

2ð1� ν2Þ2
16RE2

Þ1=3 (2)

Indentation of some biological tissues, plant cells, and similar biologi-
cal materials in wet state includes adhesion effects between the tip and the
sample.[52] This effect is observed in the region with negative force value
during unloading.[62] When this effect is significant, the common Hertzian
contact mechanics model might overestimate the stiffness of the sur-
face.[63] As such, the JKR model[19] has been shown to be accurate to
account for the adhesion effect between the spherical tip and the sample
when adhesion forces are considerable in comparison with the indenting
load.[64] As noted before, when the adhesion effect between the tissue
sample and the indenting sphere (which is shown as the jump-off in
the indentation curve) is much smaller than the maximum load,
Hertzian model can be applied to extract the sample stiffness. In case
adhesion is considerable, the work of adhesion W is calculated from
the indentation curve, followed by calculating the contact radius a and then
the elastic modulus.[19,64] In view of minimal adhesion effect observed in
our curves (see Figure 7 for instance), Hertzian contact model has been
utilized in our study.[65,66]

AFM Height and Force Mapping: Representative force maps from
regions and subregions in intima, media, and adventitia in the three sam-
ples are created by processing the force–displacement curves into height
and stiffness maps (see Figure 1f–g and 3 and 4). All force–displacement
curves from the AFM measurements are combined within a selected
mesh. The extension at which the applying force reaches a certain set point
is taken as the intensity at that point. Using a certain set point value, the
indentation depth in stiffer regions is smaller due to larger local stiffness,
which yields larger probe deflection. In compliant regions however, inden-
tation depth is larger as a result of higher deformation of the sample and
thus, the deflection of the probe is smaller. Regions with less indentation
depth therefore appear higher than regions with equal height prior to the
indentation but more indented due to lower stiffness (see height images in
Figure 4). The stiffness maps show the elastic modulus values of the tissue
in a respective color scale, with their corresponding elastic modulus dis-
tribution histograms. Each pixel in the force maps represents a force curve.
This method is sensitive to the initial height and to the stiffness of the
tissue under the scanning probe.

Tensile Testing: Quasistatic uniaxial tensile tests were performed on cir-
cumferential and longitudinal strips from the media layer of donors I, IV,
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and V using a system specifically designed for mechanical characterization
of soft tissue.[67] An Interface WMCFP-1000 g load cell was used to mea-
sure the force. The strip was immersed in a thermal bath of physiological
saline solution (0.9% NaCl in volume) maintained at 37 �C. The tensile
force measurement had an accuracy of �0.01 N. The test was performed
at a displacement rate of 0.05mm s�1. The measured forces were con-
verted to the first Piola–Kirchhoff stresses (i.e., engineering stresses) using
the measured cross section of the strip. The distance between the grips
was adjusted to achieve an initial load-free position of the strip. An Epsilon
ONE-52PT video-extensometer was used to measure the strain at the cen-
tral portion of the strip.

Statistical Analysis: Data visualization and statistical analysis were per-
formed using GraphPad Prism software (Version 5.03). Statistical differ-
ences between layers were assessed using one-way repeated measures
analysis of variance with Bonferroni post hoc multiple comparison tests
(significance level of 0.05). Data are expressed as mean�standard devia-
tion (SD) throughout the article unless otherwise stated.
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